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Microtubule-severing enzymes generate internal breaks in microtubules. They are conserved in eukaryotes from ciliates 
to mammals, and their function is important in diverse cellular processes ranging from cilia biogenesis to cell division, 
phototropism, and neurogenesis. Their mutation leads to neurodegenerative and neurodevelopmental disorders in humans. 
All three known microtubule-severing enzymes, katanin, spastin, and fidgetin, are members of the meiotic subfamily of AAA 
ATPases that also includes VPS4, which disassembles ESC RTI II polymers. Despite their conservation and importance to cell 
physiology, the cellular and molecular mechanisms of action of microtubule-severing enzymes are not well understood. 
Here we review a subset of cellular processes that require microtubule-severing enzymes as well as recent advances in 
understanding their structure, biophysical mechanism, and regulation.
Microtubule-severing enzymes: From cellular 
functions to molecular mechanism
Francis J. McNally1 and Antonina Roll‑Mecak2,3
Introduction
Microtubules are central to the life of all eukaryotic cells. They 
form a dynamic scaffold for the cell, provide tracks for intracellu-
lar trafficking, and mediate chromosome segregation. These es-
sential functions are dependent on their dynamic properties and 
organization. Therefore, cells dedicate a large number of factors 
to regulate the dynamics and morphology of microtubule arrays. 
Microtubule networks are sculpted by the action of polymerases, 
depolymerases, and severing enzymes (Roll-Mecak and McNally, 
2010; Akhmanova and Steinmetz, 2015). While polymerases and 
depolymerases act at microtubule ends to catalyze the addition 
or removal of tubulin subunits, severing enzymes break micro-
tubules along their lengths. If the newly generated microtubules 
are stable and regrow, then severing enzymes can act as micro-
tubule amplifiers; if the newly severed microtubules are unsta-
ble, severing enzymes can act as depolymerases (Ribbeck and 
Mitchison, 2006; Roll-Mecak and Vale, 2006). Therefore, sever-
ing enzymes have the potential to be both positive and negative 
regulators of microtubule mass, and thus are implicated in reg-
ulating microtubule dynamics in a wide range of basic cellular 
processes ranging from ciliogenesis to cell division, neurogene-
sis, and phototropism.
Microtubule severing was first reported in Xenopus laevis 
egg extracts (Vale, 1991). The first microtubule-severing enzyme 
was purified from sea urchin eggs (McNally and Vale, 1993) and 
named katanin after a Japanese samurai sword. Katanin belongs 
to the large family of ATPases associated with diverse cellular ac-
tivities (AAA ATPases). Members of this family are represented 
in all major cellular pathways and have one common property: 
they use the energy of ATP hydrolysis to disassemble or remodel 
protein complexes, nucleic acid complexes, and aggregated or 
misfolded proteins (Olivares et al., 2015). Katanin is composed 
of an AAA ATPase catalytic subunit (p60) and a regulatory sub-
unit (p80; Hartman et al., 1998; Fig. 1) that form a stable complex 
in vivo (McNally and Vale, 1993; Wang et al., 2017). Katanin p60 
and p80 mutants have the same phenotype in several species, 
indicating the essential nature of the complex (Mains et al., 
1990; Sharma et al., 2007; Wang et al., 2017). To date, katanin 
(McNally and Vale, 1993), spastin (Evans et al., 2005; Roll-Mecak 
and Vale, 2005), and fidgetin (Mukherjee et al., 2012) have been 
shown to have microtubule-severing activity in vitro (reviewed 
in Roll-Mecak and McNally, 2010), while katanin-like 1 (KAT 
NL1) has been shown to destabilize microtubules in cells when 
overexpressed (Sonbuchner et al., 2010). All three enzymes 
have a similar domain architecture that consists of an AAA AT-
Pase C-terminal core and an N-terminal microtubule interacting 
and trafficking domain (MIT; Fig. 1). Katanin-like 2 (KAT NL2), 
the one katanin homologue that is predicted to contain a lis ho-
mology domain at the N terminus, does not sever microtubules 
when overexpressed in cells (Cheung et al., 2016) and has not 
been shown to possess microtubule-severing activity in vitro. 
Together with vacuolar protein 4 (VPS4), the severing enzymes 
form the meiotic clade of AAA ATPases. All members of this AAA 
subfamily disassemble large noncovalent protein polymers, the 
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microtubule for severing enzymes or ESC RTI II polymers in the 
case of VPS4 (Monroe and Hill, 2016). The phylogenetic rela-
tionship between microtubule-severing enzymes and their close 
relatives is summarized in Fig. 1.
An extensive body of research over the last 20 years has elu-
cidated how microtubule plus end dynamics is regulated by a 
large array of molecular players (Akhmanova and Steinmetz, 
2010). While the dynamic behavior of microtubule plus ends 
is easily imaged at the cell periphery, severing events that hap-
pen deeper in the cell, in denser microtubule networks, are not 
easily visible by light microscopy. As a result, severing has been 
visualized directly only in a few systems that have larger spacing 
between microtubules, most notably in plant cells (Nakamura et 
al., 2010; Lindeboom et al., 2013; Zhang et al., 2013). Thus, de-
spite the importance of microtubule-severing enzymes to normal 
physiology, their cellular mechanism has proven a challenge to 
dissect. We start by providing examples of in vivo systems where 
the connection between microtubule severing and cellular phe-
notype is best understood, highlight cellular processes where mi-
crotubule-severing enzymes are important, and end with recent 
in vitro reconstitution and structural studies that shed light on 
the mechanism of microtubule severing.
Cellular functions of microtubule-severing enzymes
The most insight into the multifaceted functions of microtubule 
severing in cells has been obtained from the cortex of plant cells, 
where enzyme mediated microtubule severing can be clearly 
observed in vivo by time-lapse imaging (Lindeboom et al., 2013; 
Zhang et al., 2013; Wang et al., 2017). Severing events have also 
been observed in the ultra-thin lamellipodium of cultured animal 
cells (Zhang et al., 2011) and linked to katanin function; however, 
in this case, it was not possible to correlate the severing event 
with the presence of an enzyme at the severing site as in plants. 
Loss of microtubule-severing enzymes also generates strong 
phenotypes in spindles, neurons, and cilia. However, the high 
density of microtubules in these systems has so far precluded 
direct observation of severing events.
Control of plant cell shape: microtubule array reorientation 
and amplification
The clearest direct observations of microtubule severing in vivo 
were reported in the cortex of plant cells (Wightman and Turner, 
2007; Nakamura et al., 2010; Lindeboom et al., 2013; Zhang et al., 
2013). These observations illustrate the two opposing paradigms 
for microtubule severing in vivo: to either prune or amplify mi-
crotubule arrays. Specific types of plant cells have highly parallel 
arrays of cortical microtubules tightly associated with the plasma 
membrane along their lengths (Barton et al., 2008). New micro-
tubules are often nucleated from the wall of preexisting micro-
tubules at discrete 40° angles by a complex of γ-TuRC (Murata et 
al., 2005; Nakamura et al., 2010) and augmin (Liu et al., 2014). 
The resulting oblique microtubules that deviate from the parallel 
arrangement of microtubules in the array frequently encounter 
microtubules in the parallel array at a steep angle (>45°; Fig. 2 A). 
A minority of these steep-angled collisions result in a catastrophe 
(Chi and Ambrose, 2016), whereas a majority result in a crossover 
(Wightman and Turner, 2007), where the new oblique microtu-
bule polymerizes over the preexisting microtubule (Barton et al., 
2008). Most of the time, the new microtubule is severed at the 
crossover (Wightman and Turner, 2007), and 85% of severing 
events generate a new plus end that depolymerizes (Zhang et al., 
2013). In contrast, the newly generated minus ends are stable 
(Fig. 2 A). As a result, the free microtubule fragment polymer-
izes along a curved arc (Wightman and Turner, 2007), “moves” 
by treadmilling (Shaw et al., 2003), and, when it encounters an-
other microtubule at a shallow angle, is “zippered” into a bundle 
with the preexisting microtubule.
Katanin localizes at crossover sites, and severing events at 
crossovers are not observed in a p60 katanin mutant (Lindeboom 
et al., 2013; Zhang et al., 2013; Wang et al., 2017). The molecular 
mechanism for targeting katanin to crossovers is not well under-
stood, but it does require the p80 regulatory subunit, which is 
Figure 1. Phylogeny of microtubule-severing enzymes. Top: Evolutionary 
relationship among microtubule-severing AAA ATPases, katanin p60, spastin, 
and fidgetin, as well as the closely related VPS4 and MSP1 proteins that act 
on nonmicrotubule substrates. Homologues from animals, plants, and basal 
eukaryotes were identified with BLA STp and aligned with M-COF FEE (Moretti 
et al., 2007). Phylogenetic trees were computed with RAxML (Stamatakis, 
2006). The black line in the VPS4 AAA domain indicates a β-domain insertion. 
VPS4 has clear homologues in archaea while microtubule-severing enzymes 
do not. Bottom: Evolutionary relationship among p80 katanin homologues. 
Most clades of eukaryotes have a katanin p80 with an N-terminal WD40 
domain and a C-terminal con80 domain (conserved p80 domain). WD40-less 
versions appear to have independently evolved in nematodes and chordates. 
All human homologues are shown in red.
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sufficient for this localization in vivo (Wang et al., 2017). More-
over, purified Caenorhabditis elegans katanin p60: p80 shows a 
preference for microtubule crossovers in vitro (McNally et al., 
2014), suggesting that the ability to recognize this microtubule 
geometry lies solely within the katanin molecule. Thus, kat-
anin-dependent severing results in depolymerization of one 
microtubule that is not parallel to the preexisting microtubule 
array and generates a second microtubule that can be more 
readily aligned with the parallel array. The resulting parallel 
microtubule bundles help orient cellulose fibers that control cell 
shape and growth polarity. Consistent with this, katanin mutants 
have orthogonally overlapping cortical microtubules (Burk et al., 
2001), disordered cellulose fibers (Burk and Ye, 2002), and ab-
normal cell shape (Bichet et al., 2001; Burk et al., 2001).
Katanin-dependent severing of microtubules at crossovers 
was also directly observed in Arabidopsis thaliana hypocotyl 
cells (cells in the stem of the germinating seedling) during pho-
totropism, a process that involves the reorientation of micro-
tubules and cellulose fibers to facilitate the movement of the 
plant toward light. However, in this context, severing is used as 
a microtubule amplifier (Lindeboom et al., 2013). Elegant time-
lapse imaging showed that the new plus ends generated by kat-
anin severing at crossovers between an oblique microtubule and 
one from the existing parallel microtubule array are stable and 
regrow at high frequency (Fig. 2 B). Since the new microtubule 
generated through severing at crossovers continues to grow at 
a shallow angle with respect to its parent oblique microtubule, 
it will continue to cross over parallel microtubules from the old 
array and thus get severed, leading to a rapid amplification in 
microtubule numbers and effectively creating a new microtu-
bule array at 90° to the original one (Fig. 2 B). This reorientation 
of the microtubule array is essential for blue light–stimulated 
shoot growth (Lindeboom et al., 2013). Thus, severing at cross-
overs can stabilize a preexisting parallel microtubule array if the 
newly generated plus ends catastrophe, but promotes the gen-
eration of a novel, perpendicular array if the new plus ends are 
stable and regrow.
Microtubules grow through the addition of GTP-tubulin di-
mers at their ends, which hydrolyze the nucleotide once they 
incorporate into the lattice. The delay between the rate of GTP 
hydrolysis and tubulin dimer addition to the ends leads to the 
formation of a “GTP cap,” a layer of GTP-tubulin at the end of the 
microtubule that protects the microtubule from depolymeriza-
tion (Carlier and Pantaloni, 1981, 1982; Mitchison and Kirschner, 
1984; Carlier et al., 1987). Thus, in vitro and in cells, new plus ends 
generated through laser or mechanical ablation quickly depo-
lymerize (Nicklas et al., 1989; Walker et al., 1989; Tran et al., 1997; 
Tirnauer et al., 2004) as a result of the exposure of the GDP-tu-
bulin lattice, which is unstable in the absence of a stabilizing GTP 
cap at the new end. This raises the interesting question of how 
the plus ends generated by katanin are stabilized, because sever-
ing would also expose the unstable GDP-microtubule lattice. This 
Figure 2. Regulation of microtubule array 
geometry by severing enzymes. (A) Mainte-
nance of a parallel array of cortical microtubules 
in Arabidopsis by katanin-dependent severing at 
microtubule crossovers, followed by catastro-
phe of the new plus end and treadmilling (not 
shown) and reorientation of the free microtubule. 
(B) During reorientation of Arabidopsis shoots in 
response to light, severing at crossovers followed 
by continued polymerization of new plus ends, 
and further branched nucleation, result in reori-
entation of the cortical microtubule array.
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fundamental question was recently answered through in vitro 
reconstitution studies that revealed that katanin as well as spas-
tin extract GDP-tubulin dimers out of the microtubule in an ATP 
hydrolysis–dependent manner, creating nanodamage sites that 
are then repaired by the spontaneous incorporation of GTP-tubu-
lin (Vemu et al., 2018). As a result, the newly severed microtubule 
ends emerge with a high density of GTP-tubulin, which stabilizes 
the polymer against spontaneous depolymerization, leading to 
amplification of microtubule mass and number (Vemu et al., 
2018). The mechanism for microtubule amplification through 
severing and elongation has analogies to that in the actin sys-
tem, where severing by cofilin followed by growth of the severed 
fragment at the fast-growing barbed end can be used to generate 
new filaments at the leading edge of motile cells (DesMarais et 
al., 2005; Ribbeck and Mitchison, 2006).
Cell migration: Severing as a potential leading edge 
catastrophe mechanism
Animal cell migration is driven by localized actin polymeriza-
tion, which pushes a thin leading edge of the cell forward, but 
microtubules are important in regulating the direction of these 
protrusions and thus the direction of cell migration. Time-lapse 
imaging of individual microtubules in Drosophila melanogaster 
S2 cells showed a higher catastrophe frequency within 3 µm of 
the leading edge, with 30% of the depolymerizing events pre-
ceded by a microtubule breakage event close to the plus end and 
in the vicinity of the cortex (Zhang et al., 2011). These catastro-
phes generate microtubules that are nearly perpendicular to the 
leading edge. Katanin localizes at the cortex in these cells. Unlike 
in plants, it was not possible to directly visualize the enzyme at 
severing sites. The severing events observed in S2 cells are rem-
iniscent of the ones initially observed in newt lung cells, where 
they coincided with the pronounced local buckling of the micro-
tubule (Waterman-Storer and Salmon, 1997). Katanin depletion 
by RNAi in S2 cells results in microtubules that continue to po-
lymerize and thus bend along the cortex (Zhang et al., 2011). The 
katanin-depleted cells exhibit increased rates of actin-driven 
protrusions. Although S2 cells do not exhibit directed cell migra-
tion, this result suggests that localized cortical katanin could con-
tribute to directed migration by locally generating microtubules 
perpendicular to the leading edge, thereby locally inhibiting ac-
tin-driven protrusions. One of the two human katanin catalytic 
subunits (Zhang et al., 2011) and fidgetin-like 2 (Charafeddine 
et al., 2015) concentrate at the leading edge of migratory cells, 
and their depletion results in increased cell migration and wound 
healing. Depletion of fidgetin in cultured neurons also increases 
axon elongation (Leo et al., 2015). Thus, the role of leading edge 
microtubule severing might be of broader significance; however, 
severing has not been directly observed in these latter cases, and 
fidgetin depletion has an opposite effect in mammalian astro-
cytes, where it inhibits migration (Hu et al., 2017).
Debranching, release of minus ends from centrosomes, 
and poleward flux
New microtubules are often nucleated from γ-TuRC at centro-
somes in animal cells or γ-TuRC associated with the wall of a pre-
existing microtubule by the augmin complex in both plant and 
animal cells. Release of microtubule minus ends from their initial 
nucleation site has been directly observed or inferred in several 
different cell types. “Poleward flux” or movement of tubulin 
subunits toward mitotic spindle poles is an example of inferred 
release of minus ends to allow net depolymerization of minus 
ends that would otherwise be capped by γ-TuRC. Katanin-medi-
ated release of microtubule minus ends from γ-TuRC–associated 
branched nucleation sites has been directly observed in plants 
(Nakamura et al., 2010), but the molecular mechanism is unclear. 
This release could be mediated by severing so close to the minus 
end that the γ-TuRC–proximal microtubule fragment is not ob-
served, or at the junction between γ-tubulin and α-tubulin at 
the microtubule minus end. Differentiating between these two 
possible mechanisms will require reconstitution with purified 
components and ultrastructural analyses using superresolution 
fluorescence and EM. Release of microtubule minus ends from 
γ-TuRC–associated nucleation sites in centrosomes has been di-
rectly observed by time-lapse imaging in animal cells (Keating 
et al., 1997), and katanin has been implicated in this release in 
interphase cells (Dong et al., 2017) and neurons (Ahmad et al., 
1999) by indirect assays. Katanin binds to the microtubule minus 
end binding proteins CAM SAP/patronin (Jiang et al., 2014) and 
ASPM (Jiang et al., 2017) and is most dramatically concentrated 
near microtubule minus ends at spindle poles in vertebrate cells 
(McNally and Thomas, 1998). p80 katanin knockout human cells 
have markedly reduced rates of poleward flux in their mitotic 
spindles (Jiang et al., 2017) that could be driven by severing near 
minus ends, depolymerization of minus ends, or uncapping 
from γ-TuRCs. Strikingly, RNAi-mediated depletion of spastin 
or fidgetin, but not katanin, slows poleward flux in the spindles 
of cultured Drosophila cells (Zhang et al., 2007), suggesting that 
different severing proteins can exchange roles over evolutionary 
time. Because kinesin-13s are also involved in poleward flux in 
both vertebrate (Ganem et al., 2005) and Drosophila cells (Rogers 
et al., 2004), and because individual microtubules cannot be im-
aged at mitotic spindle poles, the detailed mechanistic role of 
severing in poleward flux is not clear.
Both p80 katanin and ASPM knockout cells have a reduced 
mass of astral microtubules and are defective in spindle orien-
tation (Jiang et al., 2017). Mutations in p80 katanin cause micro-
cephaly in humans, mice, zebrafish, and Drosophila (Hu et al., 
2014; Mishra-Gorur et al., 2014) with specific loss of neurons de-
rived from asymmetric cell divisions documented in Drosophila 
(Mishra-Gorur et al., 2014) and mouse (Hu et al., 2014). These re-
sults suggest that severing at spindle poles is especially important 
for generating functional astral microtubule arrays that are used 
for spindle orientation during asymmetric divisions in the devel-
oping brain. The severing-dependent microtubule amplification 
observed in blue light–stimulated plant shoots (Lindeboom et 
al., 2013) and recently demonstrated in vitro (Vemu et al., 2018) 
suggests how severing might increase the number of astral mi-
crotubules in neuronal precursors.
C. elegans oocyte meiosis
In C. elegans, complete loss-of-function katanin mutants as-
semble acentriolar oocyte meiotic spindles that are composed 
of oblique overlapping microtubules (Mains et al., 1990) with 
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no apparent clustering of microtubule minus ends (McNally and 
McNally, 2011), unlike wild-type spindles that are composed of 
highly bundled parallel/anti-parallel microtubule arrays with 
two discrete spindle poles. Electron tomography revealed that 
the microtubules in the meiotic spindles of a katanin-null mu-
tant are much longer than in the wild type (Srayko et al., 2006). 
No coordinated separation of chromosomes into two distinct 
masses occurs in these spindles (Yang et al., 2003), and embryos 
produced from these defective meioses are haploid, pentaploid, 
or aneuploid and never advance to hatching, even if fertilized 
by wild-type sperm (Mains et al., 1990; Yang et al., 2003; Hara 
and Kimura, 2013). Three different p60 katanin point mutants 
with no detectable in vitro severing activity that are expressed 
in oocytes have this katanin null phenotype (McNally et al., 2014; 
Joly et al., 2016), indicating that severing is required to convert 
oblique overlapping microtubules into an array of parallel/
anti-parallel bundled microtubules. An appealing idea is that 
severing at crossovers culls orthogonal microtubules, thus pro-
moting parallel/anti-parallel bundling as observed in plants. 
Interestingly, meiotic spindles in katanin-null mutants have 
reduced microtubule mass and number (McNally et al., 2006; 
Srayko et al., 2006), indicating that severing functions as a mi-
crotubule amplifier in this system as it does during phototropism 
in Arabidopsis. Partial loss-of-function katanin mutants assem-
ble unusually long meiotic spindles with a linear relationship 
between in vitro severing activity and in vivo meiotic spindle 
length (McNally et al., 2014). Katanin activity contributes to 
meiotic spindle scaling also in Xenopus, where the higher activ-
ity of Xenopus tropicalis katanin compared with Xenopus laevis 
is responsible for the difference in spindle size between the two 
species. This difference in activity is due to an inhibitory phos-
phorylation site on katanin p60 (Loughlin et al., 2011; Whitehead 
et al., 2013). The role of microtubule-severing proteins in oocyte 
meiotic spindles of other species is an area awaiting exploration.
Cytokinesis, abscission, and nuclear envelope resealing
Katanin is required for completion of cytokinesis in the ciliate Tet-
rahymena thermophila (Sharma et al., 2007) and the African try-
panosome parasite Trypanosoma brucei (Benz et al., 2012), where 
it is thought to sever stable subcortical microtubule bundles that 
would otherwise prevent division. During abscission, the final 
stage of animal cytokinesis, a stable microtubule bundle called 
the midbody presents a barrier to division. Katanin localizes at the 
midbody, where it is required for abscission (Matsuo et al., 2013), 
as does the short isoform of spastin (Connell et al., 2009; Guizetti 
et al., 2011). Abscission requires membrane remodeling through 
the action of VPS4, an AAA ATPase closely related to spastin and 
katanin that remodels ESC RTI II filaments (Lata et al., 2008). Spas-
tin, ESC RTI II, and VPS4 are linked by a complex protein interac-
tion network that is thought to coordinate severing of the midbody 
with membrane remodeling (Yang et al., 2008; Allison et al., 2013). 
Finally, microtubule bundles on either side of the abscission site 
are in a position to interfere with nuclear envelope reassembly at 
the end of mitosis. A network of spastin, ESC RTI II, and VPS4 coor-
dinates microtubule severing and membrane remodeling to allow 
the final resealing of the two daughter nuclear envelopes at the site 
where midzone microtubules are in the way (Vietri et al., 2015). 
Microtubules at the midbody are glutamylated (Yu et al., 2015), 
and spastin has been shown to be potently regulated by glutamy-
lation (Lacroix et al., 2010; Valenstein and Roll-Mecak, 2016), sug-
gesting a mechanism for selective severing of microtubule bundles 
at this structure.
Ciliogenesis
Cilia are complex sensory and motile organelles found in almost 
all cells. Ciliary assembly involves multiple steps: the centrioles 
form basal bodies, dock onto the cortex, and start growing the 
cilium. This growth requires continuous trafficking into the 
growing structure, and impairment of this process negatively 
affects cilia length. Katanin mutants in Tetrahymena (Sharma et 
al., 2007) and Chlamydomonas (Dymek et al., 2004; Dymek and 
Smith, 2012) have paralyzed flagella shorter than wild type and 
are missing the central pair microtubules of the axoneme. p80 
katanin knockout mouse fibroblasts have supernumerary pri-
mary cilia and centrioles (Hu et al., 2014). Defective cilia beating 
and length heterogeneity has been reported in ependymal cells of 
the brain in mice with a mutant form of KAT NAL1 (Banks et al., 
2018). These results indicate that katanin has a deeply conserved 
role in ciliogenesis, but its mechanism of action in cilia remains 
to be elucidated.
Severing enzymes in neurons
Spastin mutations cause hereditary spastic paraplegia (HSP), 
a disorder characterized by the slow degeneration of axons 
(Hazan et al., 1999). Disease mutants have impaired micro-
tubule-severing activity (Evans et al., 2005; Roll-Mecak and 
Vale, 2005). Spastin mutant mice exhibit defects in fast axonal 
transport and accumulate axonal swellings composed of stalled 
cargos (Kasher et al., 2009). Axonal swellings are also observed 
in human HSP patients (Kasher et al., 2009) and neurons dif-
ferentiated from induced pluripotent stem cells derived from 
HSP patients (Denton et al., 2014). In the latter, axonal swellings 
were reduced after treatment with a microtubule-targeting drug 
(vinblastine), suggesting that spastin-mediated severing is nec-
essary to maintain optimal microtubule dynamics for fast axo-
nal transport. Administration of vinblastine also ameliorates the 
spasticity observed in spastin mutant flies (Trotta et al., 2004). 
Interestingly, spastin-null flies have fewer microtubules at the 
neuromuscular junction, especially in the more distant boutons 
(Sherwood et al., 2004), consistent with a role of severing as a 
microtubule number amplifier.
In Drosophila, a p60 katanin homologue is required for pro-
grammed dendrite pruning (Lee et al., 2009), and fidgetin is 
required for injury-induced dendrite pruning (Tao et al., 2016). 
Regulated microtubule disassembly is an intermediate in each of 
these pruning processes. Intriguingly, the same p60 katanin gene 
is required for elaboration of dendritic arbors, and the mutant 
dendrites have fewer growing microtubule plus ends (Stewart et 
al., 2012). This would suggest that in the same cell type, severing 
can promote net microtubule disassembly or amplify microtu-
bule number and mass. Adding to this complexity, tissue-spe-
cific depletion of the canonical Drosophila p60 katanin results 
in increased elaboration of dendritic arbors (Mao et al., 2014). 
Severing is also implicated in regulation of synapse number, as 
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supernumerary but defective synaptic boutons are observed in 
both spastin (Sherwood et al., 2004) and p60 katanin (Mao et al., 
2014) mutant flies. Finally, spastin is required for efficient axon, 
but not dendrite regeneration (Stone et al., 2012; Rao et al., 2016). 
We propose that the wide range of neuronal functions for sever-
ing proteins is due to their ability to promote culling or amplifi-
cation of microtubules depending on the dynamics of the newly 
severed ends. In vitro reconstitution experiments at physiologi-
cal severing enzyme concentrations with dynamic microtubules 
(Vemu et al., 2018) and in the presence of microtubule-associ-
ated proteins (MAPs) abundant in neurons will be key to under-
standing how these various facets of microtubule severing can be 
regulated. Moreover, both spastin and katanin are regulated by 
glutamylation in cells (Sharma et al., 2007; Lacroix et al., 2010). 
Using microtubules with quantitatively defined levels of tubu-
lin glutamylation, it was shown that spastin displays a graded 
response to the number of posttranslationally added glutamates 
on the tubulin tails (Valenstein and Roll-Mecak, 2016), indicating 
that the enzyme has different severing activities in the axon or 
dendrite, which contain microtubules with different degrees of 
glutamylation (Park and Roll-Mecak, 2018). Regulation of kat-
anin by glutamylation has yet to be demonstrated in an in vitro 
reconstituted system. The diverse consequences of microtubule 
severing in vivo are likely due to the structure and dynamics of 
the microtubule ends generated by severing and the differential 
targeting of microtubule-severing enzymes to different micro-
tubule geometries or to microtubules decorated with different 
MAPs and tubulin posttranslational modifications. We focus 
the remainder of this review on recent exciting developments 
on the mechanism of microtubule severing and the structure of 
severing enzymes.
Molecular mechanism of microtubule severing
Severing enzymes have the fascinating capacity to disassemble a 
polymer of considerable girth and stiffness. Microtubules are 25 
nm in width and have a persistent length on the orders of hun-
dreds of micrometers to millimeters (Hawkins et al., 2010). They 
are formed through the lateral association of 13 protofilaments 
(this number can vary depending on organism and cell type), 
linear polymers of head-to-tail tubulin heterodimers. Thus, in 
order to sever a microtubule, 13 longitudinal (between tubulin 
dimers within a protofilament) and lateral polymerization in-
terfaces (between dimers in adjacent protofilaments) need to 
be disrupted. In contrast, actin-severing proteins like cofilin 
or gelsolin have to disrupt only two polymerization interfaces 
(Dominguez and Holmes, 2011). Microtubule-severing enzymes 
accomplish this remarkable task by using the energy of ATP hy-
drolysis. How severing enzymes are able to harness the energy 
from ATP hydrolysis to disrupt the microtubule lattice is still not 
well understood, but structural and in vitro reconstitution stud-
ies in the last year have brought us one step closer to unraveling 
their mechanism.
Spiral and rings: Insights into the power stroke for microtubule 
severing from katanin structures
Katanin p60, spastin, and fidgetin have a similar domain archi-
tecture that consists of an evolutionary conserved AAA catalytic 
core required for severing that is linked to an N-terminal MIT 
domain through a poorly conserved linker (Fig.  1; Roll-Mecak 
and McNally, 2010; Sharp and Ross, 2012). The spastin or katanin 
AAA domain and part of the linker are sufficient for severing ac-
tivity (White et al., 2007; Roll-Mecak and Vale, 2008; Grode and 
Rogers, 2015). The minimal katanin AAA domain has no detect-
able severing activity (Grode and Rogers, 2015), while the AAA 
domain of spastin and a short part of the linker have dramat-
ically impaired microtubule-severing activity (Roll-Mecak and 
Vale, 2008). Katanin and spastin assemble into hexamers via 
their AAA domains in an ATP-dependent manner (Hartman 
and Vale, 1999; Roll-Mecak and Vale, 2008; Zehr et al., 2017), 
and single-molecule fluorescence experiments have shown that 
microtubule-bound active katanin is a hexamer (Díaz-Valencia 
et al., 2011). Both enzymes exist as monomers at physiological 
concentrations even when bound to ATP (Hartman and Vale, 
1999; Roll-Mecak and Vale, 2008; Nithianantham et al., 2018). 
Oligomerization is stimulated by the microtubule (Hartman and 
Vale, 1999; Eckert et al., 2012; Wen and Wang, 2013), presumably 
ensuring that the enzymes are activated only on the relevant sub-
strate. Oligomerization is required for severing activity, and mu-
tations at hexamerization interfaces inactivate both spastin and 
katanin (Roll-Mecak and Vale, 2008; Zehr et al., 2017). Several 
spastin HSP mutations are at hexamerization interfaces (Roll-
Mecak and Vale, 2008).
Structural and functional studies of spastin catalyzed allowed 
the proposal of a mechanism for microtubule severing (White 
et al., 2007; Roll-Mecak and Vale, 2008). In the presence of ATP, 
spastin hexamerizes into a ring structure with a central, posi-
tively charged pore. Loops lining this pore engage the negatively 
charged intrinsically disordered C-terminal tails of tubulin that 
decorate the microtubule surface and are required for severing 
by both spastin and katanin (Roll-Mecak and Vale, 2005; Johjima 
et al., 2015; Valenstein and Roll-Mecak, 2016). Mutations of con-
served residues in the pore loops inactivate the enzyme while 
still preserving ATPase (White et al., 2007; Roll-Mecak and Vale, 
2008; Johjima et al., 2015). In light of the structural similarity of 
the spastin AAA ring to bacterial unfoldases such as those of the 
ClpX family (Olivares et al., 2016), it was proposed that severing 
enzymes break the microtubule by engaging the C-terminal tails 
of tubulin through this central pore and pulling on them with 
their conserved pore loops to dislodge the tubulin dimer out of 
the microtubule lattice. This repeated action would gradually 
unravel microtubule lattice interactions and generate internal 
breaks in the microtubule (Roll-Mecak and Vale, 2008). Direct 
demonstration for tubulin extraction out of the microtubule by 
these enzymes has only been recently obtained using negative 
stain electron microscopic analyses of severing reaction inter-
mediates. These revealed that both spastin and katanin progres-
sively remove tubulin subunits out of the microtubule lattice, 
generating nanodamage sites along the microtubule, and that 
these nanodamage sites progress to mesoscale severing events 
(Vemu et al., 2018).
While the common theme of AAA ATPases is that they form 
hexameric assemblies, structures in this state have been few and 
far between until the recent technical advances in cryo-EM. Sev-
ering enzymes were no exception as it was difficult to capture 
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their physiological oligomeric assemblies in diffracting crystals. 
X-ray crystal structures of monomeric AAA domains for spastin 
(Roll-Mecak and Vale, 2008; Taylor et al., 2012), katanin (Zehr 
et al., 2017; Nithianantham et al., 2018), and fidgetin-1 (Peng et 
al., 2013) are known and show a high degree of structural sim-
ilarity consistent with their primary sequence conservation 
(Fig. 3 A). They consist of a nucleotide-binding domain (NBD) 
and a helix-bundle domain (HBD) arranged as a crescent with 
the nucleotide-binding site at the hinge between these domains 
(Fig. 3 A). Likewise, an isolated structure of the MIT domain from 
katanin is known (Fig. 3 B; Iwaya et al., 2010). The MIT domain 
for both spastin and katanin binds to regulatory proteins, includ-
ing the p80 subunit for katanin and an ESC RTI II component for 
spastin (Fig. 3, C and D; Yang et al., 2008; Rezabkova et al., 2017).
The first atomistic model for a microtubule-severing en-
zyme in its assembled hexameric state was reported recently 
using cryo-EM (Zehr et al., 2017). It revealed an asymmetric 
hexamer with the AAA modules bound to ATP and arranged in 
a right-handed spiral that creates an ∼40-Å-wide gate between 
the bottom and top protomers (Fig. 4). Comparison of the apo 
and nucleotide-bound structures from the crystal and cryo-EM 
structures revealed that flexing of the NBD and HDB domains 
around the nucleotide-binding site facilitates the ATP-driven 
assembly of the hexamer (Zehr et al., 2017; Nithianantham et 
al., 2018). Two conserved substrate binding loops (loops 1 and 
2) line the central channel in a staircase arrangement optimized 
for substrate transfer among protomers (Fig. 5). The structure 
also revealed that the C-terminal part of the linker that connects 
the MIT and AAA domains is in fact not disordered, but forms a 
fishhook-shaped structure crowning the AAA ring close to the 
central channel (Fig. 5 A). On the opposite face, the structure re-
vealed a belt of interconnected helices (α12 in Fig. 3 A) that link 
one protomer to the other and are critical for hexamerization 
(Fig. 5 B). These C-terminal helices are conserved in all members 
of the meiotic clade of AAA ATPases (Monroe and Hill, 2016). 
Notably, early screens for defects in C. elegans meiosis isolated 
katanin mutations (Mains et al., 1990) at the interface between 
these helices. In vitro assays demonstrated that mutations in 
these helices inactivate both katanin- and spastin- severing ac-
tivity (Roll-Mecak and Vale, 2008; Zehr et al., 2017).
The katanin cryo-EM structures also shed light on how hex-
amerization stimulates ATPase activity as the arginine fingers 
that are required to stabilize the ATP hydrolysis transition state 
are contributed in trans by the neighboring protomer. Their 
mutation, or mutation of the equivalent Arg residues in spastin, 
inactivates ATPase and severing activity (Roll-Mecak and Vale, 
2008; Zehr et al., 2017). The asymmetric architecture of the 
hexamer excludes a concerted ATPase mechanism whereby all 
AAA engines would fire at the same time since the boundary P6 
protomer does not have an Arg finger contributed in trans (Zehr 
et al., 2017). Classification of the katanin hexamers on cryo-EM 
grids revealed a second conformation that resembles a closed 
ring in which the ATP is missing from the boundary P1 protomer 
(Zehr et al., 2017). The loss of nucleotide leads to a rotation of the 
NBD in this protomer to close the 40-Å gate between the bound-
ary protomers P1 and P6 by making contacts with the HBD in P6 
(Fig. 6 A). This movement results in an ∼20-Å displacement of 
the substrate binding loops in protomer P1 (Fig. 6 B) and led to the 
proposal that the sequential ATP hydrolysis in protomers around 
the AAA ring results in the processive pulling of the tubulin sub-
strate through the central pore with ∼20-Å steps (Fig.  6). An 
analogous mechanism was recently visualized for other AAA AT-
Pases such as Hsp104 (Gates et al., 2017), VPS4 (Han et al., 2017), 
and Yme1 (Puchades et al., 2017). A sequential ATP hydrolysis 
cascade around the ring is an attractive way to ensure processive 
pulling of the tubulin tail through the pore. However, it is also 
possible that when working against the microtubule load, there 
is slippage, and the enzyme switches to a stochastic mechanism 
for ATP hydrolysis and translocation where protomers fire ran-
domly around the ring, as has been shown for ClpB (Doyle et al., 
2012) or Hsp104 with certain substrates (DeSantis et al., 2012). 
Last, it is also possible that the mechanical work is performed 
Figure 3. Structural domains in microtubule-severing enzymes. (A) Superposition of the x-ray structure of the AAA domains of spastin (PDB ID 3B9P; Roll-
Mecak and Vale, 2008) and katanin (PDB ID 5WC1; Zehr et al., 2017). Spastin AAA domain, gray. Katanin NBD, hot pink; HBD, light green; the N-terminal helix 
α1 is part of the fishhook and colored cyan; the C-terminal helix α12 specific to AAA ATPases of the meiotic clade is colored orange. (B) Structure of the katanin 
MIT domain (PDB ID 2RPA; Iwaya et al., 2010). (C) Structure of the complex between the katanin p60 MIT domain and the p80 conserved C-terminal domain 
(PDB ID 5NBT; Rezabkova et al., 2017); MIT domain, blue; p80 C-terminal domain, yellow. (D) Structure of the spastin MIT domain in complex with CHMP1B 
(PDB ID 3EAB; Yang et al., 2008). MIT domain, blue; CHMP1B, lavender. For reference, the domain organization in spastin and katanin can be seen in Fig. 1.
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repeatedly by the boundary protomers while the remaining four 
protomers acts as a static scaffold. We note that the mechanism 
of ATP hydrolysis in the spastin or katanin ring has yet to be ex-
perimentally addressed through kinetic studies. It is also not yet 
clear at what point in the cycle the enzyme disengages from the 
tail and whether it leaves the microtubule with the dislodged tu-
bulin subunit. Spastin is less efficient at severing hyperglutam-
ylated microtubules despite retaining robust ATPase (Valenstein 
and Roll-Mecak, 2016), suggesting that the coupling between the 
chemical and mechanical cycles is substrate-dependent, as ob-
served with other AAA family unfoldases.
Microtubule recognition by severing enzymes
The mechanism of substrate engagement by severing enzymes 
is still unknown, as there are currently no structures available 
of microtubule complexes or complexes of the enzymes with 
the isolated tubulin tails that are required for severing. It is still 
unclear how the pore loops coordinate ATP hydrolysis with sub-
strate binding, hexamerization, and translocation. Moreover, in 
addition to the contact between the microtubule and the AAA 
ring, the MIT domains and part of the linker also bind the mi-
crotubule (Hartman and Vale, 1999; Roll-Mecak and Vale, 2005). 
NMR and x-ray studies have shown that the MIT domains of 
spastin and katanin are composed of a three-helix bundle (Fig. 3, 
B and D; Yang et al., 2008; Iwaya et al., 2010). How the MIT do-
main and linker recognize the microtubule is not known. Small 
angle x-ray scattering studies of the assembled katanin hexamer 
demonstrated that the MIT domains reside on average at the tip 
of flexible arms that emanate from the AAA ATPase ring (Fig. 4; 
Zehr et al., 2017), an architecture similar to that initially visual-
ized for spastin (Roll-Mecak and Vale, 2008). Thus, spastin and 
katanin likely use multivalent interactions mediated by the flexi-
ble arms to anchor the AAA engine to the microtubule lattice and 
start pulling on the tubulin substrate through the ATP hydroly-
sis-driven remodeling of the AAA ring. This multivalent engage-
ment of the microtubule ensures a slow off-rate of the enzyme 
from the microtubule, possibly contributing to high processivity. 
It is not clear what the valency of this interaction is. Given the 
polar nature of the microtubule polymer, it is not possible for all 
six arms to be engaged simultaneously unless the hinge points 
with the microtubule-binding domain are flexible.
The MIT domain of katanin binds with high affinity to the 
C-terminal domain of the regulatory p80 subunit, and this in-
teraction is required for p60: p80 complex formation (Hartman 
Figure 4. Katanin forms an asymmetric hexamer with a spiral arrange-
ment of the AAA domains. Orthogonal views of the molecular surface of the 
assembled katanin hexamer in the spiral conformation showing the central 
AAA ring with radiating arms composed of a poorly conserved flexible linker 
and an N-terminal MIT domain. The AAA ring structure was determined by 
single-particle cryo-EM to 4.4 Å (PDB ID 5WC0; Zehr et al., 2017); the MIT 
domain structure was determined by NMR (PDB ID 2RPA; Iwaya et al., 2010); 
the structure of the flexible linker (gray) has not been experimentally deter-
mined and was modeled to have an approximate span as the one reported 
from small angle x-ray scattering (Zehr et al., 2017). Protomer P1, green; P2, 
cyan; P3, blue; P4, orange; P5, purple; and P6, red.
Figure 5. Structural elements unique to katanin augment the AAA ring 
and participate in hexamerization. (A and B) Views of the molecular sur-
face of the assembled katanin hexamer in the spiral conformation highlighting 
important functional elements. Fishhook, cyan; pore loop 1, yellow; pore loop 
2, magenta; C-terminal helices, brick red.
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et al., 1998; McNally and McNally, 2011; Rezabkova et al., 2017). 
p80 katanin also has a WD40 domain at the N terminus that is 
required for targeting to centrosomes (Hartman et al., 1998). 
Not all katanin p80 isoforms have the WD40 domain, likely re-
flecting different localizations of the enzyme (Fig. 1). While the 
p80 subunit is not required for severing (Hartman et al., 1998; 
Loughlin et al., 2011), it enhances it by increasing the affinity for 
the microtubule (McNally and McNally, 2011; Joly et al., 2016). 
The p80 C-terminal domain forms an extended helix-turn-he-
lix fold with its N-terminal helix binding in a groove formed by 
two helices of the p60 MIT domain (Fig. 3 C; Rezabkova et al., 
2017). The analogous interface is used by spastin to bind CHMP1B 
(Fig. 3 D; Yang et al., 2008). The interface formed by the MIT and 
p80 C-terminal domain is used as a binding platform for three 
known katanin regulators that target the enzyme to the growing 
minus ends of microtubules: CAM SAP2, CAM SAP3, and ASPM 
(Jiang et al., 2017, 2018). Mutations that destabilize the p80 C-ter-
minal domain cause microcephaly (Mishra-Gorur et al., 2014).
Open questions and new directions
The recent katanin structures gave us a first glimpse into the 
mechanochemical cycle of these enzymes. Structures in dif-
ferent nucleotide states and with the tubulin substrate will be 
needed to fully understand the force generating conformational 
changes during severing. A fundamental unanswered question 
is how tubulin dimers are removed from the lattice. While the 
proposed mechanism of tubulin tail translocation through the 
pore is attractive, it has been proposed based on analogy with 
AAA ATPases such as Hsp104 and ClpX and still awaits direct ex-
perimental proof. Is tubulin extracted without unfolding? Such 
a mechanism would be analogous to that used by NSF to disas-
semble SNA RE complexes (Zhao and Brunger, 2016). Or is it par-
tially unfolded from the C terminus until it is distorted enough 
to allow dissociation of the bound GTP and loss of the tubulin 
subunit from the lattice? Such a mechanism is more analogous 
to that found for Rubisco activase, which is thought to remodel 
a short peptide segment of Rubisco to induce a conformational 
change that leads to the release of the inhibitory sugar phosphate 
(Portis et al., 2008). It is also possible that tubulin is completely 
unfolded by threading it through the central pore. Hydrogen 
deuterium exchange experiments demonstrated that VPS4 com-
pletely unfolds the ESC RTI II subunits, leading to the unraveling 
of the ESC RT polymer (Yang et al., 2015). Such a mechanism 
would have profound physiological implications for severing 
enzymes since it would generate denatured tubulin that needs 
to be cleared. Tubulin does not spontaneously fold and needs an 
elaborate chaperone system for folding and heterodimer assem-
bly (Lundin et al., 2010).
Another open question is how many tubulin subunits need to 
be removed from the microtubule until the rest of the subunits 
spontaneously or cooperatively dissociate. Recent studies have 
shown that microtubules nanodamaged by spastin or katanin 
through tubulin dimer removal are long-lived enough to have a 
chance to repair, indicating that stability is not catastrophically 
compromised with the removal of the first tubulin dimers (Vemu 
et al., 2018). In the case of VPS4, ∼50% of the ESC RT III subunits 
need to be actively removed in order for the lattice to disinte-
grate completely (Yang et al., 2015). Studies have shown that AAA 
ATPases are capable of producing large forces. ClpX, a bacterial 
AAA ATPase that unfolds polypeptides, exerts upwards of 20 pN 
of force (Aubin-Tam et al., 2011; Maillard et al., 2011). The energy 
required to remove a tubulin subunit from the microtubule lat-
tice has not been experimentally determined, and neither has the 
force generated by a severing enzyme during the ATPase cycle, in 
large part due to difficulties in engineering handles on the tubu-
lin substrate for force measurements. Advances in the produc-
tion of recombinant engineered mammalian tubulin (Minoura 
et al., 2013; Ti et al., 2016; Vemu et al., 2016) make it now possi-
ble to overcome this hurdle. What is also unknown is how many 
rounds of ATP hydrolysis the enzyme undergoes before disen-
gaging from the tubulin tail and the microtubule. The two do not 
necessarily need to be coordinated as there are separate points of 
contact with the AAA central channel and the MIT/linkers.
From a cell biological perspective, a major challenge in the 
following years will be to find ways to better visualize dense 
microtubule arrays where severing is important. Neurons pose 
particular challenges for this, but this is one area where recent 
advances in cryo-EM tomography hold great promise to probe 
these microtubule arrays at higher resolution (Lučič et al., 2013). 
Regulation and targeting of microtubule severing will also con-
tinue to be an important topic since unchecked severing is 
likely highly deleterious to the cell. The precise graded regula-
tion of spastin by the number of glutamates on the tubulin tails 
(Valenstein and Roll-Mecak, 2016) underscores the importance 
of knowing not only where the microtubule-severing enzymes 
are localized, but also the posttranslational status of the microtu-
bules they interact with. Interestingly, katanin shows localization 
Figure 6. Proposed mechanism for tubulin tail translocation through 
the katanin central channel. (A) Left: Spiral conformation (PDB ID 5WC0; 
Zehr et al., 2017) of the hexamer with ATP bound in all six protomers. Right: 
ATP hydrolysis and release in the boundary protomer P1 transitions the hex-
amer to the ring conformation (PDB ID 5WCB; Zehr et al., 2017) that closes 
the gate between P1 and P6, and translocates the pore loops. (B) Schematic 
of conformational changes triggered by hydrolysis and release of ATP in the 
boundary protomer P1 that result in closure of the P1–P6 gate and transloca-
tion of the pore loops together with the tubulin substrate by ∼20 Å. Adapted 
from Zehr et al. (2017). Figure is reprinted with permission from Nature 
Structural and Molecular Biology.
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at plus and minus ends in mammalian cells (Jiang et al., 2017) and 
microtubule crossovers in plant cortical arrays (Lindeboom et al., 
2013; Wang et al., 2017) that is dependent on the p80 subunit. C. 
elegans katanin also prefers microtubule crossovers in in vitro 
reconstituted assays (McNally et al., 2014). As cells have multiple 
p80 isoforms, it will be important to establish how these con-
tribute to the differential localization of katanin. Another fertile 
area of future exploration will be to understand how microtu-
bule-severing enzymes are regulated by MAPs, especially since 
the tubulin C-terminal tails that are essential for severing are also 
part of the binding sites for many MAPs. For example, cellular 
studies have shown that katanin is inhibited by tau (Qiang et al., 
2006), while experiments with Xenopus extracts revealed inhi-
bition by the MAP4 homologue XMAP230 (McNally et al., 2002). 
Proteomic studies have now identified many interacting part-
ners for severing enzymes (Cheung et al., 2016); however, most 
of these remain to be validated and studied in greater depth to 
understand their mechanism of action. The interaction between 
spastin and the ESC RTI II component CHMP1B (Reid et al., 2005; 
Yang et al., 2008) raises the interesting question of whether 
CHMP1B regulates spastin microtubule-severing activity to fa-
cilitate coordination between the microtubule cytoskeleton and 
membrane remodeling during abscission.
Last, but arguably most important for a microtubule regu-
lator, we are just now starting to understand the direct effects 
severing enzymes have on microtubule structure and dynamics. 
Recent electron microscopic studies and in vitro reconstituted 
quantitative microtubule dynamics assays with purified severing 
enzymes at physiological concentrations revealed that both spas-
tin and katanin create nanodamage sites along the microtubule 
shaft that are spontaneously healed with GTP-tubulin subunits 
from the soluble pool (Vemu et al., 2018). This ATP hydrolysis- 
dependent process produces GTP-tubulin islands in microtu-
bules that can act as rescue sites and generates newly severed 
ends enriched in GTP-tubulin that stabilizes them against spon-
taneous depolymerization. These GTP-enriched islands serve as 
a platform for the recruitment of proteins that recognize the GTP 
(or GDP-Pi)-bound state of tubulin such as end-binding protein 1 
(Vemu et al., 2018). Thus, severing enzymes do not simply disas-
semble microtubules, they also remodel the microtubule lattice. 
An important next step is to demonstrate this mechanism of 
tubulin exchange in cells and understand how it is regulated. In 
vivo, these newly severed GTP-enriched plus ends likely serve as 
a platform for the many microtubule dynamics regulators that 
are recruited to the plus ends in an end-binding protein 1–depen-
dent manner (Akhmanova and Steinmetz, 2015) and thus can ei-
ther stabilize or destabilize the newly severed plus ends. Almost 
30 years after the discovery of the first microtubule-severing 
enzyme, many fundamental questions about the molecular and 
cellular mechanism of this family of proteins still remain unan-
swered, while recent studies have opened exciting new avenues 
for the exploration of their in vivo functions and biochemical 
mechanism. New genomic editing tools coupled with advances 
in high-resolution imaging and in vitro reconstitution assays 
with purified enzymes, engineered recombinant tubulin, and 
diverse microtubule array geometries obtained through micro-
patterning will shed light on the multifaceted roles of severing 
enzymes in regulating microtubule array architecture and dy-
namics. Given the involvement of severing enzymes in human 
disease, pursuit of these basic questions also holds promise for 
improved diagnostics and therapeutic interventions.
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